The mechanical properties of cells, such as leukocytes, in a diseased state differ from those of healthy cells, typically due to their microstructure. The deformability of the cells through a constrictive area is analyzed by the applied stress to the cell. This study investigates the relationship between the sample flow speed and distribution of captured leukocytes based on the cell deformability using a microfluidic device. The device comprises of microfilters that serve as the filtration mechanism. The microfilter gap size gradually decreases from 15 to 3 µm to facilitate the deformabilitybased separation. Leukocytes have various sizes; hence, they can be separated by microfilters directly from whole blood samples without any cell clogging, and they do not require sample pre-processing such as centrifugation or red blood cell lysis. The distribution of leukocytes captured by the microfilters with respect to the sample flow speed can be analyzed; at higher sample flow speeds of 6 µL/min, small leukocytes with a size of 7 µm could not be captured and they passed through the smallest microfilter gap size of 3 µm. For smaller leukocytes, such as lymphocytes, the distributions are mainly at gap sizes of 4 µm to 8 µm, with most of the lymphocytes captured at the 6 µm microfilter gap size. We conclude that the distribution of the cells captured during the filtration varies depending on the microfilter gap sizes, applied sample flow speed, cell sizes, and the ability of the cells to deform. The deformability imaging profiles of the sample could be developed from the images of the cell distribution, which might be useful for preliminary screening in the clinical applications. This work presents the development of a simple device for the study of cell deformability as the results provide a biophysical marker in high throughput and bulk sample analyses.
Introduction
The mechanical properties and elastic models of cells, such as leukocytes, were first studied nearly four decades ago. These cells have the ability to deform and change their shapes when passing through a very small area, although the cell sizes are more significant than the area sizes [1] . Previous studies have found that the deformability of the leukocytes changes due to disease-related conditions, and they become more stiff (i.e., they are less deformable in patients suffering from diseases such as sepsis-induced disseminated intravascular coagulopathy [2] , leukemia (chronic lymphocytic leukemia and acute lymphocytic leukemia) [3] , diabetes mellitus [4] , Epstein-Barr virus, and acute lung injury [5] ). A number of studies have reported that diseases such as cancer (particularly lung and breast cancers) affect the deformability of cells (metastatic cells, in particular) depending on the stage of the tumor [6, 7] . Furthermore, the deformability of the cells also affects their morphological and morphometrical properties (relating to cell diameter and height) as well as elastic properties (Young's modulus) [4, 5] . These changes might be due to the altered cytoskeletal filament network (e.g., actin, microtubules, or lamins) organization of the cells [8, 9] . By understanding these properties, essential information may be obtained for further cell rheology studies crucial to understanding disease and improving health. Additionally, the mechanical properties of the cells, such as elasticity, shear characteristics, compression, and deformability, reflect their states and functions and may be used as biophysical markers for the detection of pathological cell changes [2] . Therefore, the analysis of the cell mechanical properties related to disease and drug treatments has attracted much attention [10] [11] [12] .
Numerous techniques have been used to examine the biophysical properties of cells, particularly cell deformability. Examples include atomic force microscopy (AFM) [13, 14] , micropipette aspiration (MA) [15, 16] , optical tweezers (OTs) [17, 18] , deformability cytometry (DC) [19] [20] [21] , and microfluidic devices [22] [23] [24] [25] . Although AFM is popular it causes lateral instability under loads (i.e., cantilevers) in non-adherent cells such as passive human leukocytes [26] . Additionally, a special mold is required to immobilize the cells. This requirement entails a high cost and the process is time-consuming [27] . OTs increase the local temperature due to the use of laser power, which might damage the cell structure and change the mechanical properties of the cells being analyzed [28] . Thus, this technique has a disadvantage to assessing the mechanical properties of cells compared with MA, which reduces the potential for cell damage, provides wide-ranging applications of measurements, such as elastic coefficient, viscoelastic coefficient, etc. [29, 30] , and offers a more straightforward measurement system. However, despite the advantage and wide-ranging applications of MA, the conventional technique still suffers from low throughput and is unsuitable for time-sensitive analyses that entail changes in the measurements over time [31] . DC could overcome the limitations of low throughput. This technique is based on contact modes, such as constriction channels [32] , and non-contact modes such as shear stress and pressure gradients [33] . Despite the advantages of DC, it requires a sophisticated system setup including precision pressure control, a high-speed camera, a complex imaging system, and sample pre-processing. In general, DC is more costly than other techniques, such as microfluidic-based systems, analysis via lab-on-chip (LOC) and microTAS (µ-TAS). Therefore, for clinical applications such as sample preanalysis (i.e., preliminary screening) of bulk samples, a conventional process might not be suitable. Furthermore, preliminary screening before a detailed analysis reduces the time and cost requirements, and detailed analysis can be performed only if required. Thus, a simple device and technique are required to provide a quick analysis result suitable for a clinical process. Various studies have shown that microfluidic technologies for cell mechanical characterization provides advantages compared with other available techniques [34] [35] [36] [37] .
Currently, the deformability of cells is determined based on single cell conditions. The single-cell analysis method provides high accuracy and reliable results compared with that of a bulk sample, where the measurement of the latter depends on the average value [38] . Although single-cell analysis provides precise information, the measurement system requires a complicated microfluidic structure design and sophisticated peripheral systems. Moreover, these cell characterizations or measurement methods are not suitable for practical clinical applications as they are tedious and suffer from low throughput. Even though bulk analysis provides the average result, it could serve as a useful pre-analysis result, which reduces the clinical processing time. For instance, atypical preliminary screening results could be investigated in more detail only if necessary. Therefore, preliminary screening could reduce tedious work, expedite the measurement process, and, importantly, be suitable for clinical applications.
This research reports the separation of leukocytes directly from whole blood and investigates the distribution of the captured cells using decreasing gap size microfilters on a microfluidic device. Fluorescence-labeled antibodies, such as CD45 antigen (leukocyte common antigen, CD45 + cells mean CD45 positive cells), allow for the identification of leukocytes from the whole blood sample. In our previous work, we developed a cloggingfree microfluidic device for separating and counting cells (T and B lymphocytes) on a chip [39] . Our device showed good correlation to fluorescence-activated cell sorting, which is used for counting cells. Therefore, we apply the same concept of cell separation for CD45 + cells in terms of cell deformability. The clog-free microfluidic device consists of multiple sieve filtrations, wherein the microfilter gap size is gradually narrowed. The microfiltration is used to separate the leukocytes in a whole blood sample and allows other cells (red blood cells (RBCs), thrombocytes or platelets) to pass through the filters. The distribution of separated leukocytes corresponding to the microfilter gap sizes and sample flow speed were analyzed. We showed that small leukocytes, namely, of an estimated cell size of 7 µm, could pass through the microfilters even though the smallest gap size was 3 µm when the sample flow speed was increased. We also showed that captured cell distribution images on the microfluidic device could be used as imaging (deformability) profiles. Thus, our method can be realized as a preliminary screening based on cell deformability for bulk samples before more detailed analysis is required. This work contributes to potential applications involving cell deformability as a biophysical marker for in situ bulk sample analysis with high throughput, which might be useful in drug delivery and disease-related studies.
Materials and methods

Microfluidic device
The microfluidic device consists of polydimethylsiloxane (PDMS) and a glass plate (Fig. 1 ). The PDMS part was fabricated using a standard soft lithography process. The fabrication process is similar to that used in our previous work ( Fig. 2) [39] . Firstly, a photomask was made using a direct write laser lithography (DWL66FS, Heidelberg Instruments Mikrotechnik GmbH, Heidelberg, Germany). Next, a high-contrast epoxy-based photoresist (SU-8 3025, Microchem, Corp., Newton, MA) was spincoated to a thickness of 40 µm on a 525-μm thick Si wafer (2000 rpm, 30 s). The Si wafer was soft-baked for 40 min at 75 °C. The spin-coated wafer was exposed using a mask aligner (MA-6, SUSS MicroTec AG, Garching, Germany) for 35 s. The post-exposure bake was at 65 and 95 °C for 1 and 5 min, respectively. The Si wafer was developed and dry-etched by a deep reactive ion etching system (D-RIE, RIE-800, Samco, Kyoto, Japan). Octafluorocyclobutane (C4F8) was used for the passivation of the Si mold to create a non-adhesive surface during the PDMS demolding process. The PDMS microfluidic device was prepared using a PDMS pre-polymer (Silpot 184, Dow Corning Toray Co., Ltd., Tokyo, Japan) mixed at a 10:1 (w/w) ratio with a curing agent. The PDMS was poured into the Si mold and baked at 75 °C for 1 h. The cured PDMS was demolded and treated with O 2 plasma (Cute-MPR, Fem-toScience, Seoul, South Korea) to facilitate the PDMS surface modification for the glass bonding process.
The microfluidic device comprises two sections: the first section separates the targeted cells from the whole blood sample as a separation area, and the second section collects the remains of the processed sample as a waste area (Fig. 1) . The width and length of the separation area are 10 mm and 20 mm, respectively. The separation area comprises micropillar arrays with 12 different groups [39] . Main difference between these pillar arrays is the spacing between each pillar, which we call gap size. The gap size for these 12 micropillar arrays are gradually decreasing in size from the inlet port to the outlet port, 15 µm to 3 µm respectively. The design details of the microfilter are outlined in reference [39] . Larger microfilter gap sizes (e.g., 10 μm and greater) are designed to capture larger CD45 + cells, including neutrophils, basophils, eosinophils, and monocytes, with sizes ranging from 10 to 35 μm. Smaller cells, such as lymphocytes, are more suitably captured by smaller gap sizes. Unfiltered or uncaptured cells, for example, RBCs and platelets, could pass through the microfiltration, as the deformability of RBCs (e.g., ability to contort, twist, and change shape) can result in cell sizes as small as 3 μm [40] . Our preliminary experiments confirmed that micropillar filtration using a filter gap size of 2 μm caused RBCs clogging in the device. Therefore, we chose 3 μm as the smallest filter size. The escape routes in the microfilter arrays prevent cell clogging and fouling on the device during the filtration process. The width and length of the waste area are, respectively, 15 mm and 30 mm and contains rectangle pillars for supporting the roof to prevent collapse. The support pillars' width and length sizes are 100 μm and 800 μm, respectively. The gap size and row-to-row of the support pillars are 200 μm and 120 μm, respectively. The height of the microfluidic chip is approximately 40 µm. Thus, the total volume is 8 and 18 µL for the separation and waste area, respectively, and the approximate total volume of this device is 26 µL. Therefore, the sample volume for the device must be less than 18 µL (e.g., 5 to 8 µL) to prevent the sample overflow (i.e., going out) at the outlet. For similar reasons, the waste area was also designed to be larger than the separation area. The waste area design on the microfluidic device will eliminate problems, such as improper sample flushing to the reservoir (e.g., a waste container), that occur when using a conventional microfluidic device. These problems can lead to missing cells and/or cells adhering to the microfluidic tubing wall or container. In addition, sample residue is tedious to process, and processing would involve transferring, which causes cell loss. Therefore, the sample waste collection on-chip design will significantly reduce errors in the cell counting process, particularly for applications that demand precision.
Sample preparation
Human blood samples obtained from healthy donors via venipuncture were placed in 5 mL K2-EDTA vacutainer (BD Vacutainer) tubes. 100 μL of each blood sample was placed in a test tube and gently vortexed at room temperature (24 °C). Then, 20 μL of CD45 antibodies (A07782, CD45-FITC, Beckman Coulter Inc., USA) were added to the test tube and incubated for 15-20 min at room temperature under the protection from light. CD3 and CD19 antibodies (BD Simultest ™ CD3/CD19, BD Biosciences, CA, USA) were used for T and B lymphocytes identification. The sample was diluted 10 times with a phosphatebuffered saline dilution buffer (PBS, Sigma-Aldrich, St. Louis, MO, USA) containing 5 mM EDTA (Sigma-Aldrich, St. Louis, MO, USA) and stored in the dark at room temperature prior to performing the experiments. For dynamic observations (e.g., observations of high-speed moving cells), labeling fluorescence antibodies is unsuitable for the observation of uncaptured cells through the microfilters due to the intensity loss under excitation light exposure. Therefore, we labeled the test sample with the Hoechst 33342 nucleus stain (Thermo Fisher Scientific, MA, USA), which is more robust to the fluorescence emission intensity fading compared with the antibody fluorescence reagent.
Experiment setup and analysis
A prepared blood sample (10 μL) was placed in a tube connected to a syringe pump. The sample flow speeds (i.e., sample flow rates) were set to 1.5, 3, and 6 μL/min, with a total experiment time of 6.7, 3.4, and 1.6 min, respectively. From the preliminary experiments, the sample speed of 1 µL/min indicated that the majority of the blood cells stagnated near the inlet port and were not properly filtered through the microfilters (data is not shown). The clogging of the cells at the inlet port connecting to the sample tube was caused by the high pressure in the microfluidic device, preventing the blood cells from moving towards the microfilters. Therefore, the minimum sample flow speed suitable for this device have decided on 1.5 μL/min.
The prepared sample flowed according to the set sample flow speed and stopped after the entire sample had finished (10 μL of sample). The sheath supply, which moved at a similar speed as the sample, flowed for approximately 10 s longer than the sample supply to prevent inappropriate sample flow to the microfilters. If the sheath supply was not included, dumping of cells near the inlet would occur after the sample has been stopped. After the sheath flow process is completed, the system begins imaging the capture area and determining the count of the captured and uncaptured cells.
The leukocytes count was determined from the sum of the captured and uncaptured leukocytes in the separation and waste areas of the microfluidic device, respectively. Their leukocytes were determined using a custom-made imaging system for automatic cell detection and counting [39] . The leukocyte capture rate in the microfluidic device was defined as:
where the number of captured cells was determined from the separation area and the number of uncaptured cells determined from the waste area.
The captured cell distribution on a specific microfilter gap size could be determined from the total number of captured cells (according to the gap size) over the total number of cells captured at the separation area, defined as:
Total number of captured cells in the separation area Total number of captured cells in the conbined sepataion and waste area ×100
(2) Cell distribution at specified gap size (%) = Total number of captured cells at specified gap size Total number of captured cells at separation area ×100
The leukocytes were identified using the CD45 antibodies and blue fluorescence by light-emitting diode excitation (M490L4, Thorlabs, USA) and ultraviolet light (M365L2, Thorlabs Inc., NJ, USA), respectively, on a custom inverted fluorescence microscopy and optical system (IDEX Health & Science, LLC, Semrock, NY, USA). Images of leukocytes (CD45 + cells) and T and B lymphocytes (CD3 + and CD19 + cells) were captured and recorded using a high-sensitivity and low-noise CMOS (Complementary metal-oxide-semiconductor) camera (ASI178MC Zhen Wang Optical Company, China, 3096 × 2080, pixel size 2.4 µm) ( Fig. 3 ).
Results and discussion
Images of cells captured by the microfluidic device are shown in Fig. 4 . Clogging and fouling were not observed when using 10 µL of each prepared blood sample for all applied flow speeds. We observed and confirmed that there was no unprocessed (e.g., cell sedimentation) sample at the sample inlet area, which is critical to ensuring that the sample was appropriately processed. The required processing times (i.e., the total time to complete cell separation) were approximately 6.6, 2.8, and 1.6 min at sample flow speeds of 1.5, 3, and 6 μL/min, respectively. Using the developed system (Fig. 3) , the CD45 + cells were detected clearly under florescence imaging (Fig. 4) , and the captured cells were accurately counted using a simple system.
The CD45 + cells were captured and distributed across the microfilters (Fig. 5 ). All of the images were taken at the same position in the microfluidic device. The results obtained from the experiments are summarized in Table 1 . Table 1 shows the average calculations using the proposed method described in Eq. (2) . The distribution and positions of the captured cells in the microfilters demonstrate significant variations depending on the sample flow speed. Using the highest sample flow speed of 6 μL/min as an example, most of the cells were captured at the smaller microfilter gap sizes of 3, 4, and 5 µm; however, for the slowest sample flow speed of 1.5 μL/min, the majority of the cells were captured at gap sizes of 6 µm and greater. The cell counts were averaged for the larger gap sizes of 10-15 µm, as no significant differences in the distribution of the cells were observed by the sample flow speeds. The distribution of the cells increased at gap sizes of 3, 4, and 5 μm for the speed of 6 μL/min compared with that at the other speeds. For instance, at a speed of 1.5 μL/min, the device could capture only 2%, 7%, and 13% of the cells at gap sizes of 3, 4, and 5 μm, respectively. In comparison, at 6 μL/min, the corresponding percentages increased significantly to 12%, 23%, and 13%. The most cells were captured at gap sizes of 9, 6, and 4 μm at speeds of 1.5, 3, and 6 μL/min, respectively.
The cell distribution data clearly indicate that the sample flow speed influenced the positions of the captured The average counts of cells using the microfluidic device are shown in Fig. 6 . Using Eq. (1), the performance of the cell capture by the microfluidic device was 100%, 99.7%, and 96% at respective sample flow speeds of 1.5, 3, and 6 μL/min. For the uncaptured cell count, a significant cell loss was observed for the sample flow speed of 6 μL/ min compared with the other speeds. Thus, the most efficient speed of this device was 3 μL/min among the three conditions, which required a sample processing time of less than 4 min for 10 μL of prepared sample.
At the highest sample flow speed of 6 μL/min, the hydrodynamic force in the device is large, and, thus, some leukocytes escaped through the smallest micropillar gap size of 3 µm (Fig. 7) , which reduced the efficiency of the cell capture rate. This phenomenon could be attributed to the lower stiffness (high deformability) of cells passing through the filter due to the increase in sample flow speed. In addition, the escaped cells, which measure approximately 7 µm, are considered to be small lymphocytes ( Fig. 8) . Lymphocytes usually range from 7 to 12 µm in size and have been identified as the smallest types of all leukocytes. Moreover, Downey et al. [41] demonstrated that the average size of small lymphocytes is approximately 6 µm, which is smaller than typical RBCs. Thus, some small leukocytes, such as lymphocytes, have a high possibility of escaping the microfilters compared with other cells. However, we did not analyze the phenotypes of the escaped cells, namely, whether they were polymorphonuclear (e.g., neutrophils, eosinophils, and basophils) or morphonuclear (e.g., lymphocytes and monocytes).
Cells that are captured by the microfilters depend on their size, the sample flow speed used, and the gap size of the filters. Leukocytes, including neutrophils, are the most abundant cells (68%), followed by lymphocytes (~ 20%), and then other cells (e.g., monocyte (< 7%), eosinophil (< 4%), basophil (< 1%) [42] . Therefore, we investigated the distribution of the majority of the lymphocytes (T and B lymphocytes) using a typical sample flow speed (i.e., 3 μL/min) and compared the results (lymphocytes captured distribution) to the majority of leukocytes (neutrophils). As a result, the distribution of these lymphocytes suggested that larger gap size microfilters (e.g., 10-15 µm) had a lymphocyte capture rate 2% lower than the total captured lymphocytes on the microfluidic device. Thus, this suggests that the results in Table 1 , for gap sizes ranging from 10 to 15 µm, contain less than 2% of the lymphocytes. Therefore, these larger gap sizes (e.g., 10-15 µm) captured cells other than the lymphocytes, where the majority of the cells are neutrophils. As shown in Fig. 9 , the highest capture of the T and B lymphocytes are at the 6 µm gap size, where the average of the captured cells is about 42% for all test samples. Overall, these results indicate that the higher captured lymphocytes will be mostly at the 4-8 µm gap sizes, where the total captured cell average is about 89%. These results on T and B lymphocytes are similar to those of previous researchers, where lymphocytes were mostly filtered at 6 µm filter sizes [25] . This demonstrates that the deformability profile of healthy lymphocytes is fractionated to a specific value. As shown in Fig. 5 , if the deformability is different as in disease and drug treatment, the fractionation position of lymphocytes shifts to either. In the future, we will investigate the clinical potential to detect the deformability profile of in vitro samples of lymphocytes or other leukocytes using this mechanism.
Conclusion
The mechanical properties of cells (e.g., leukocytes and cancer cells), such as deformability, reflect their states and functions. This information can be used as a biophysical marker to detect variations in pathological cells or to distinguish cells for routine clinical examinations targeting early disease diagnosis. Numerous studies demonstrate that the variations in the deformability of leukocytes are related to health conditions. In this work, we developed a simple technique for separating CD45 + cells (leukocytes) directly from a whole blood sample to observe their deformability through microfiltration in a microfluidic device. The proposed microfluidic device successfully recovered all of the CD45 + cells in 10 µL of prepared sample depending on the sample flow speed (e.g., 1.5 and 3 μL/min), without requiring sample preprocessing such as the density gradient centrifugation or RBC lysis. We were more effectively able to detect and count the cells using the simple system than a flow cytometer. Currently, this device can process up to 10 µL of a diluted blood sample without any cell clogging or fouling issues. However, the device design, including the cell separation area, could be varied to support a greater sample volume if required. We demonstrated that the distribution of the captured cells is influenced by the applied sample flow speed, as some cells were trapped in the microfilters, while some escaped them. We conclude that, if the sample flow speed exceeds 6 μL/min, there is a high possibility that certain leukocytes, such as small lymphocytes, have escaped through the filtration. Moreover, the distribution of the captured cells also depends on the microfiltration gap sizes in which cells are deformed when flowing through the gap. In our experiments, the gap sizes of 9, 6, and 4 µm exhibited the highest percentage of cell captures at sample flow speeds of 1.5, 3, and 6 μL/min, respectively. Furthermore, T and B lymphocytes predominantly captured distributions at gap sizes of 4-8 µm gap, where the 6 µm size showed the highest captured percentages using a typical sample flow speed (3 μL/min). Thus, larger gap sizes (e.g., 9-15 µm) are suitable for capturing other cells such as neutrophils, monocytes, and eosinophils, which are greater than 12 µm in size. Considering that cell deformability reflects its state and characteristics [2] , the images of the captured cells in the device (i.e., images of cell distribution) could be used as a deformability profile of the sample. The deformability profile is dependent on the sample flow speed and gap sizes of the microfiltration device. Our future work will include patients with diseases and will compare their cell distributions to those of healthy subjects. By understanding these deformability profile, essential information may be obtained for the cell mechanical properties related to disease and drug treatments. Furthermore, we aim to analyze the cell phenotypes and nuclear shapes in addition to the cell deformability to study the diseased state. 
